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A B S T R A C T

Cyanobacteria generate electrical current through exoelectrogenesis (extracellular electron transfer) downstream 
of photosynthesis, yet the identity of the endogenous redox mediator(s) responsible remains unresolved. Here, 
we apply differential pulse voltammetry (DPV) to detect and characterise redox-active species released by 
Synechocystis sp. PCC 6803 under illumination. To enable sensitive detection, we developed an electrolyte in
termediate between BG11 (Blue-Green-11) growth medium and MOPS (3-(N-morpholino)propanesulfonic acid) 
buffer that minimises background electrochemical interference while maintaining short-term cellular function
ality. DPV revealed multiple light-enhanced oxidation peaks (0.1–0.65 V vs. saturated calomel electrode (SCE)) 
that were not resolvable using cyclic voltammetry, providing evidence that cyanobacteria release reduced 
compounds during exoelectrogenesis. These signals were partially reproduced in cell exudates and absent in 
controls, confirming their biological origin. The lack of corresponding reduction peaks suggests irreversible 
redox processes. Comparison with candidate mediators showed that NADPH and 4-hydroxybenzoate, an inter
mediate in plastoquinone biosynthesis, exhibit only partially similar electrochemical behaviour compared to cells 
and do not fully account for the measured responses. Collectively, our results indicate that exoelectrogenesis in 
Synechocystis sp. PCC 6803 involves a mixture of redox-active species rather than a single mediator. This study 
establishes DPV as a powerful tool for in situ detection of cyanobacterial mediators and provides new insights 
into the mechanisms of photosynthetic extracellular electron transfer.

1. Introduction

Photosynthetic microorganisms, including cyanobacteria and algae, 
can transfer electrons to their external environment in a process known 
as exoelectrogenesis or extracellular electron transfer [1]. In many 
systems, a substantial current is observed in the dark, with illumination 
leading to a further increase in current. The light-dependent component 
is attributed to electrons derived from oxygenic photosynthesis, where 
water oxidation at photosystem II (PSII) supplies electrons to the 
photosynthetic electron transport chain (PETC). The electrons are pro
posed to exit the PETC downstream of photosystem I (PSI). However, the 
exact point of exit from the PETC remains to be determined, whether it 
be PSI, ferredoxin or NADPH.

In the model cyanobacterium Synechocystis sp. PCC 6803 (hereafter 
Synechocystis), evidence suggests that electron export occurs through 

indirect extracellular electron transfer mechanisms involving soluble, 
diffusible redox mediator(s) released by the cells [1–3]. This interpre
tation is supported by several observations: stirring the electrolyte 
abolishes steady-state photocurrent [4], increasing cell envelope 
permeability by a gentle pressurized treatment [5] or by removing the 
outer membrane entirely [6] enhances current output, and structural 
modifications to the outer membrane [6] or peptidoglycan layer [7]
alter photocurrent kinetics under dark to light transitions. Furthermore, 
in Synechocystis electron export does not occur via direct extracellular 
electron transfer mechanisms commonly found in heterotrophic elec
trogens. For example, there is no convincing electrochemical or genetic 
evidence for conductive microbial nanowires in the form of type IV pili 
[7,8], redox species embedded in the exopolysaccharide matrix [4], or 
multi-heme cytochrome systems facilitating direct electron transfer [9].

Experimental studies have suggested several properties of the 
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endogenous redox mediator. Previous studies suggested that the medi
ator is small (on the order of a few kilodaltons), because redox peaks in 
cyclic voltammetry persisted when cell exudate in BG11 growth medium 
was then filtered [5,6]. In addition, the mediator is suggested to be 
temperature-sensitive, because the redox behaviour was inactivated 
after heat-treatment [5]. Further, it is proposed that the mediator is 
amphiphilic by crossing the cell boundary by diffusion across the plasma 
membrane (and outer membrane), although transport via a trans
membrane protein has not been ruled out. Previous studies suggested 
that the mediator has reversible redox behaviour, as indicated by pres
ence of oxidation and reduction peaks in cyclic voltammograms of 
cyanobacterial cells in BG11 electrolyte, and these studies suggest the 
mediator has a midpoint potential of +0.34 V vs. standard hydrogen 
electrode (SHE) [5,10]. However, interpretation of electrochemical 
signals in previous studies has been complicated by recent reports of 
contributions from components in BG11, including proton-coupled 
oxidation of manganese chloride [6,11]. The mediator has been both 
proposed [12] and refuted [6] to be NADPH. Despite this general 
framework, the identity of all the endogenous electron mediator(s) is 
uncertain. Moreover, it remains to be investigated whether a single or 
multiple redox species are responsible for the exoelectrogenesis in 
Synechocystis, and if the molecules are the same in the dark and light.

Insights from heterotrophic electroactive bacteria provide a useful 
framework for considering potential electron mediators in cyanobac
teria. In organisms such as Shewanella spp., extracellular electron 
transfer is facilitated by secreted flavins (flavin mononucleotide and 
riboflavin) [13]. However, there is no genomic evidence of secretion of 
flavins in cyanobacteria [9]. In organisms such as Pseudomonas aerugi
nosa, extracellular electron transfer is facilitated by secreted phenazines 
(e.g. pyocyanin) [14]. However, phenazines are not naturally produced 
by cyanobacteria [9,15]. Multiple organisms use quinones [16], such as 
hydroquinone derivatives by Escherichia coli [17] and 1,4-dihydroxy-2- 
naphthoic acid (DHNA) by Shewanella oneidensis MR-1 [18]. Cyano
bacteria possess quinone biosynthetic pathways, including phylloqui
none (vitamin K₁), which serves as the primary electron acceptor in 
photosystem I and is synthesised via intermediates including DHNA 
[19]. In addition, benzoquinones such as plastoquinone (PQ) play cen
tral roles in photosynthetic and respiratory electron transport, suggest
ing that quinone-related compounds could plausibly act as endogenous 
mediators in exoelectrogenesis in cyanobacteria.

Thus far, attempts to identify the endogenous mediator in Synecho
cystis have primarily relied on techniques such as chronoamperometry 
[4,20], cyclic voltammetry [5,10], and fluorescence spectroscopy 
[6,12]. While these approaches have provided useful insights into 
exoelectrogenesis mechanisms, they are often limited by overlapping 
signals and interference from background electroactive species. Conse
quently, the detection and identification of low-abundance endogenous 
redox mediators remain challenging.

More advanced voltammetric techniques [21], including square 
wave voltammetry and differential pulse voltammetry (DPV), can be 
superior analytical tools compared to conventional cyclic voltammetry 
for detecting target analytes or unknown electroactive species. In DPV, 
small potential pulses (typically 20–50 mV) are superimposed onto a 
linear potential sweep, and the current difference before and after each 
pulse is measured. This approach suppresses capacitive background 
currents while enhancing faradaic signals, resulting in improved peak 
resolution. As such, DPV is particularly well-suited for the in situ 
detection of low-concentration or transient electroactive species.

The utility of DPV for investigating extracellular redox mediators has 
been demonstrated in studies of heterotrophic electrogens [21,22]. For 
example, DPV has been used to detect and identify flavins as redox 
species released by Shewanella oneidensis biofilms [13]. More broadly, 
DPV has become widely employed in electrochemical biosensing 
because of its rapid acquisition times and enhanced discrimination of 
Faradaic currents from background capacitive currents, which deter
mine high sensitivity, selectivity and low limits of detection. 

Consequently, DPV-based biosensors have been developed for the sen
sitive detection and quantification of a wide range of analytes, including 
biologically derived metabolites such as neuropeptides, hormones and 
antioxidants [23,24], microbial pathogens [25], and environmental 
contaminants, which include photosynthesis-inhibiting herbicides [26].

In this study, we employed DPV to identify the endogenous electron 
mediator(s) released by Synechocystis cyanobacteria under illumination. 
We hypothesised that there could be multiple species and explored 
NADPH and a short-tail quinone in the PQ biosynthesis pathway as 
putative candidates.

2. Materials and methods

2.1. Strains and culture conditions

A glucose tolerant and non-motile strain of Synechocystis sp. PCC 
6803 that originated from Aaron Kaplan's lab at The Hebrew University 
of Jerusalem, Israel, and was obtained from the University of Turku, 
Finland was used (genome: National Center for Biotechnology Infor
mation BioProject accession PRJNA1277488, Sample accession number 
SAMN49110441). Cultures were grown in BG11 medium buffered with 
20 mM HEPES to pH 7.5 [27]. Culturing conditions were 30 ◦C, ambient 
air levels of CO2, and 120 rpm shaking in a growth chamber (Solaris 
4000, Thermo Scientific™, Waltham, MA, USA) with continuous 50 
μmol photons m− 2 s− 1 of light provided by a light-emitting diode (LED) 
full spectrum grow lamp above (SF1000D, Spider Farmer, Shenzhen, 
China). Growth was monitored by measuring attenuance at 750 nm 
(OD750) using a Thermo Scientific Evolution 260 Bio ultraviolet-visible 
(UV–Vis) spectrophotometer (Thermo Scientific™, Waltham, MA, USA), 
and cultures were started at OD750 0.1. The chlorophyll a concentration 
was determined spectrophotometrically after extraction in methanol at 
65 ◦C for 10 min. Samples were clarified by centrifugation (13,000g, 2 
min, 21 ◦C), and concentrations were calculated using an extinction 
coefficient of 79.95 (Chl a mg)− 1 mL cm− 1 [28].

2.2. Materials and chemicals

Carbon paper (AvCarb® MGL 190, Fuel Cell Store, Bryan, TX, USA) 
was used for the fabrication of working electrodes. Photosystem II ac
tivity was inhibited using 3-(3,4-dichlorophenyl)-1,1-dimethylurea 
(DCMU) (Millipore Sigma, Burlington, MA, USA). Candidate redox me
diators tested were NADPH (Research Products International, Mt. 
Prospect, IL, USA) and sodium 4-hydroxybenzoate (H3766, Merck, 
Darmstadt, Germany).

2.3. Construction of bioanode

Carbon paper electrodes were cut into 1 × 3 cm pieces, and 1 × 2 cm 
area was covered with wax, leaving a geometric surface area of 1 cm2. As 
the electrodes were not chemically or structurally modified, current 
densities reported throughout the study were calculated using this 
geometric surface area. Cells from 90 mL of cultures with an OD750 
0.6–0.9 were harvested by centrifugation at 2300g for 20 min at 21 ◦C. 
Supernatant from this step was the BG11 exudate. The BG-MOPS 
exudate was formed by resuspending the cells in 10 mL BG-MOPS. 
Alternatively, cells were resuspended to a final concentration of 1 mg/ 
mL (chlorophyll a 750–1250 μg/mL) in the solution used as electrolyte 
for that experiment (either fresh BG11 medium or BG-MOPS, Supple
mentary Table 1). To prepare an autoclaved cell sample, culture flasks 
were heated to 121 ◦C for 15 min before preparing to 1 mg/mL. 100 μL 
of 1 mg/mL cell mixture (chlorophyll 750–1250 μg/mL) was drop cast 
onto the electrode and held under stream of N2 in a desiccator for 30 
min–1 h until almost dry. A flow chart of the preparation of different 
biological samples for photoelectrochemical analysis is in Supplemen
tary Fig. 12.
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2.4. Photoelectrochemistry

Photoelectrochemical performance was measured using a three- 
electrode configuration with a Squidstat™ Prime potentiostat (Admi
ral Instruments, Tempe, AZ, USA). The setup comprised a carbon paper 
working electrode, saturated calomel electrode (SCE) (saturated KCl) 
reference electrode, and a platinum mesh counter electrode. Measure
ments were conducted in a standard glass three-electrode electro
chemical cell. Electrolyte was 10 mL BG11 growth medium or BG11-like 
MOPS buffer (BG-MOPS, Supplementary Table 1) as specified. The 
electrochemistry parameters of cyclic voltammetry (CV), differential 
pulse voltammetry (DPV) and chronoamperometry experiments are 
described in each figure caption. CV and DPV experiments were always 
initiated by scanning with the forward direction. All potentials in this 
article are reported as V vs. SCE (saturated KCl). The light used in 
photoelectrochemistry experiments was a “cool” 3100 K white Fiber- 
Lite® Fiber Optic Illuminator (Model 190, Dolan-Jenner Industries, 
Boxborough, MA, USA), positioned at a distance to provide a light spot 
diameter able to just cover the working electrode with an of intensity 
500 μmol photons m− 2 s− 1. From chronoamperometry under light/dark 
cycles, the photocurrent was calculated as the difference in current 

during the last 5 s of the light period, baselined against the current 
during the dark period before the light period.

2.5. Biocompatibility assessment through photosynthesis and cell growth

Biocompatibility of BG-MOPS electrolyte was tested by measuring 
the photosynthetic activity and cell growth compared to BG11. Cells 
were harvested from BG11-grown culture and resuspended to a final 
chlorophyll concentration of 10 μg/mL. The cells were incubated for 2 h 
under culture conditions after which the photosynthetic activity was 
measured. The photosynthetic yield of photosystem II (Y(II)), was 
determined by measuring room temperature chlorophyll fluorescence of 
the cells in the electrolytes after 10 min dark adaptation using a pulse- 
amplitude modulation fluorimeter DUAL-PAM-100 (Heinz Walz 
GmbH, Effeltrich, Germany). The cells were illuminated with a red light- 
saturating pulse (5000 μmol photons m− 2 s− 1, 500 ms) to measure 
maximum fluorescence. The cell growth was measured in liquid culture. 
Cells were harvested from the BG11-grown starting culture and resus
pended in fresh BG11 or BG-MOPS OD750 = 0.1 and incubated under 
culture conditions. Growth after 3 days was measured by OD750 and 
photographs were taken of the flasks.

Fig. 1. Electrochemistry of different cyanobacteria-compatible electrolytes. 
(A, C) Cyclic voltammograms. Scan rate 5 mV s− 1, carbon paper electrode, no loading (black) or cyanobacteria cells loaded (green), constant white light at 500 μmol 
photons m− 2 s− 1 intensity. (B, D) Differential pulse voltammograms. Potential step 5 mV, pulse height 10–150 mV, pulse width 50–150 ms, pulse period 200 ms, 
carbon paper electrode, no cyanobacteria cells loaded, darkness. (A, B) BG11 growth medium as electrolyte (BG11). (C, D) BG11-like MOPS buffer (BG-MOPS, 
Supplementary Table 1) as electrolyte. Data presented as one representative sample. Additional differential pulse voltammograms recorded at fixed electrochemical 
parameters are presented in Supplementary Fig. 1 as mean of replicates with shaded ribbons representing the standard error of the mean (SEM).
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3. Results

3.1. BG11-like MOPS electrolyte prevents occlusion of redox mediators 
released by cyanobacteria during exoelectrogenesis

To establish a system to use advanced differential pulse voltammetry 
to detect redox mediators released by cyanobacteria during exoelec
trogenesis, we first tested different electrolytes with carbon paper 
electrodes starting with simpler cyclic voltammetry (CV). The cyclic 
voltammogram of blank carbon paper electrodes in BG11 growth me
dium as the electrolyte showed an oxidation peak at +0.35 V vs. SCE and 
a reduction peak at +0.63 V vs. SCE (Fig. 1A – black). When cyano
bacteria cells that had been grown in BG11 were loaded on carbon paper 
electrodes and scanned in BG11 electrolyte under illumination, the cy
clic voltammogram was largely similar to that of the blank electrodes 
with an oxidation peak at +0.34 V vs. SCE and a reduction peak at 
+0.57 V vs. SCE (Fig. 1A – green). The slight shift observed, especially in 
the reduction peak between the two electrolytes, is likely due to the 
alteration of electron transfer kinetics and local pH changes in the 
presence of the cell film on the electrode surface. Next, we conducted 
more sensitive differential pulse voltammetry (DPV). The same oxida
tion and reduction peaks observed during CV measurements on the 
blank electrodes in BG11 electrolyte were visible in DPV measurements 
at different scanning parameters in the forward and reverse direction, 
respectively (Fig. 1B). Despite the elimination of capacitive currents by 
DPV, the presence of these prominent redox peaks, both in the absence 
and presence of cells and linked to the presence of trace minerals in 
BG11 growth media [27] suggests that this electrolyte is not suitable for 
the detection of redox mediators released by cyanobacteria during 
exoelectrogenesis due to the possible overlapping of signals in a similar 
potential range.

We therefore created a BG11-like MOPS buffer (hereafter called BG- 
MOPS, Supplementary Table 1) that has no redox active trace metals 
normally present in BG11 and maintains a buffered pH of 7.5 not using 
HEPES but using MOPS. MOPS is often preferred over HEPES buffer for 
microbial redox-sensitive electrochemical studies because of its lower 
complexation ability and interference with reactive intermediates, and it 
has been already validated as a good buffering system in phenazine- 
mediated systems [29]. The BG-MOPS contained sodium nitrate, phos
phate, and carbonate at the same concentrations as in BG11 to preserve 
nutrient availability. The cyclic voltammogram of blank carbon paper 
electrodes in BG-MOPS electrolyte did not exhibit clear redox peaks 
(Fig. 1C – black). When cyanobacteria cells that had been grown in BG11 
were loaded on the carbon paper electrode and scanned in BG-MOPS 
electrolyte under illumination, the cyclic voltammograms were 
different than those of blank electrodes above 0 V vs. SCE suggesting 
that BG-MOPS was a more suitable electrolyte (Fig. 1C – green). How
ever, there were still no discernible redox peaks in the cell-loaded 
electrodes, which confirmed that CV is not an ideal technique for the 
detection of endogenously produced mediators.

Following the more promising approach of DPV, we conducted DPV 
initially by varying different electrochemical parameters (pulse height 
and pulse width) using blank carbon paper electrodes in BG-MOPS 
electrolyte. Only an oxidation peak and reduction peak at +0.1 V vs. 
SCE were observed (Fig. 1D), which were also present in the BG11 
electrolyte voltammograms (Fig. 1B) and were assigned to the carbon 
paper electrodes. The presence of these peaks in pristine carbon mate
rials is documented in the literature and commonly attributed to surface 
oxygen-containing functional groups [30,31]. To achieve a balance be
tween measurement throughput and low background current, we chose 
50 mV pulse height and 50 ms pulse width for subsequent measurements 
with cyanobacterial cells and BG-MOPS electrolyte.

To test the effect of the BG-MOPS on the exoelectrogenic perfor
mance of the cells, we performed chronoamperometry (CA) of BG11- 
grown cells in BG-MOPS electrolyte. When light was turned on during 
CA, the current evolving from the cyanobacteria cells increased, with 

characteristic kinetics as in BG11 electrolyte in previous studies (Fig. 2A, 
Supplementary Fig. 2) [7]. The photocurrent (difference between the 
steady state current in the light and dark) yielded from the cyanobac
teria cells in BG-MOPS electrolyte was approximately 1.75 μA cm− 2, 
whereas there was negligible photocurrent from blank electrodes in BG- 
MOPS electrolyte. Additional negative controls of autoclaved cells and 
cells treated with DCMU inhibitor of photosystem II yielded significantly 
less photocurrent than cells.

To test the effect of the BG-MOPS on the photosynthetic performance 
of the cells, BG11-grown cells were transferred to BG-MOPS or fresh 
BG11 and after 2 h the change in the photosynthetic yield of photo
system II in a dark-adapted state, Y(II), was measured. The cyano
bacterial cells in the BG-MOPS exhibited Y(II) values (0.26 ± 0.02) 
similar to cells in BG11 (0.280 ± 0.001, P = 0.1136, n = 3) (Supple
mentary Fig. 3A). We also measured the UV–Vis spectra of cells and 
observed no significant difference between peaks corresponding to 
chlorophyll a in the photosystems or phycobilin proteins in the phyco
bilisome light harvesting antennae (Supplementary Fig. 3B). These re
sults indicate that the BG-MOPS electrolyte maintains the 
photosynthetic activity of the cyanobacterial cells for 2 h. However, 
when we tried to grow the cells in BG-MOPS they did not grow after 3 
days (Supplementary Fig. 3C). These results indicate that BG-MOPS is 
suitable as a biocompatible electrolyte for short-term photo
electrochemical measurements of cells grown in BG11 for 2 h.

3.2. Cyanobacteria release reduced mediator(s) during exoelectrogenesis 
under illumination with multiple oxidation peaks

To capture the redox signatures of redox mediator(s) released by 
cyanobacteria during exoelectrogenesis, we loaded cyanobacteria on 
carbon paper electrodes and measured DPV in BG-MOPS electrolyte. In 
the dark, two small oxidation peaks were visible at 0.65 V and 0.55 V vs. 
SCE superimposed on an elevated current >0.4 V vs. SCE in the forward 
scanning direction (Fig. 3A – black), differently from blank electrodes 
(Fig. 3B). After 1 h of illumination, these peaks appeared more pro
nounced with a concomitant increase in current in the 0–0.4 V vs. SCE 
window (Fig. 3A – yellow). When the scans from light and dark treat
ments were subtracted and baseline corrected, the oxidation peaks at 
0.65 V and 0.55 V vs. SCE appeared well resolved and an additional 
oxidation peak at 0.3 V vs. SCE was revealed (Fig. 3– green and insert). 
The peak at 0 V vs. SCE was consistent with the signal from the carbon 
paper electrodes (Fig. 1B–D), and in some biological replicates there was 
an additional peak around 0.1 V vs. SCE (Supplementary Fig. 4A). 
Oxidation peaks >0.1 V vs. SCE were absent in blank carbon paper 
electrodes or when autoclaved cells were loaded (Fig. 3B,C). When cells 
were treated with the PSII-inhibitor DCMU no peaks >0 V vs. SCE were 
visible (Fig. 3D), and DCMU itself at higher concentrations was char
acterized by an oxidation peak around 0.3 V vs. SCE, and an enhanced 
peak around at 0 V vs. SCE likely attributable to the untreated carbon 
paper (Supplementary Fig. 5). From cells there were no clear reduction 
peaks in the reverse scanning direction, although the current was higher 
in the light treated sample than the dark (Fig. 3A), whereas the negative 
control samples had the same background current in light and dark in 
the reverse scanning direction (Supplementary Fig. 6).

To confirm the reduced species identified in DPV measurements of 
cyanobacteria on electrodes (Fig. 3A) are released from the cells, we 
incubated cells in BG-MOPS for 15 min and then analysed the electro
chemistry of the BG-MOPS exudate. The cyclic voltammogram of bare 
carbon paper electrodes in the BG-MOPS exudate appeared different 
from the cyclic voltammogram in plain BG-MOPS electrolyte showing an 
oxidation peak at 0.4 V vs. SCE (Fig. 4A), significantly more pronounced 
than the one obtained with cells in BG-MOPS (Fig. 1C).

The differential pulse voltammogram of bare carbon paper electrode 
in the BG-MOPS exudate showed a clear oxidation peak at 0.25 V vs. SCE 
and a small oxidation peak at 0.65 V vs. SCE in the forwards direction 
scan (Fig. 4B, Supplementary Fig. 7). The oxidation peak at 0.65 V vs. 
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SCE was more pronounced after baseline correction (Fig. 4B – insert). 
Additional oxidation peaks at 0.55 V or around 0.1 V vs. SCE were not 
observed from the BG-MOPS exudate. There were no reduction peaks in 
the reverse scanning direction >0 V vs. SCE. UV Vis spectra of the BG- 
MOPS exudate had three absorbance peaks at 330, 440 and 480 nm 
together giving the BG-MOPS exudate a yellow colour (Fig. 4C).

The exudate from cells grown in BG11 was also collected and ana
lysed. As with cells (Fig. 1A), the cyclic voltammogram of carbon paper 
in BG11 exudate and plain BG11 electrolyte were similar (Supplemen
tary Fig. 8A), with a similar shift in peak potential to that observed 
previously between cells loaded on electrodes versus bare electrodes in 
BG11. These findings further demonstrate that BG11 is not a suitable 
electrolyte for detecting the redox mediator(s) released by cyanobac
teria during exoelectrogenesis. Similarly, DPV with different electro
chemical parameters on blank carbon paper electrode in BG11 exudate 
only showed an oxidation peak at 0.5 V vs. SCE in the forward scanning 
direction (Supplementary Fig. 8B,C). UV Vis spectra of the BG11 exudate 
had three absorbance peaks at 320, 360 and 400 nm (Supplementary 
Fig. 8D).

These results indicate that cyanobacteria release reduced mediator 
(s) during the exoelectrogenesis mechanism under illumination with 
multiple oxidation peaks. These signals originate from live cells per
forming photosynthesis, rather than cell-surface redox proteins. The 
oxidation of these reduced mediators is irreversible, as no redox peaks 
were detected in the reverse scans.

3.3. NADPH and a plastoquinone biosynthesis intermediate exhibit some 
similarity to cyanobacteria redox signatures

To identify the redox species released from cyanobacterial cells 
(Fig. 3A, Fig. 4B), we shortlisted two candidate mediators for compari
son. NADPH was initially considered due to its central role as the pri
mary electron carrier generated downstream of photosystem I (Fig. 5A) 
[1], as well as a previous report that it functions as an endogenous 
mediator in Synechocystis [12]. Based on analysis of Synechocystis 
metabolic pathways, we also identified 4-hydroxybenzoate as a second 
candidate, as it is a precursor in plastoquinone-9 biosynthesis (Fig. 5B). 
Plastoquinone-9 is synthesised from chorismate via 4-hydroxybenzoate, 
which is subsequently modified by the addition of an isoprenoid tail. In 
cyanobacteria, the plastoquinone (PQ) pool consists of lipid-soluble, 
mobile electron carriers: plastoquinone (PQ) and plastoquinol (PQH₂). 

The PQ pool links the photosynthetic and respiratory electron transport 
chains within the thylakoid membrane, while an additional plastoqui
none pool is present in the cytoplasmic membrane [1].

Cyclic voltammetry of the individual candidate molecules in BG- 
MOPS electrolyte showed distinct redox behaviour for both NADPH 
and 4-hydroxybenzoate (Supplementary Fig. 9). To enable direct com
parison with cyanobacterial signals, we next performed DPV of each 
candidate under the same electrochemical conditions. NADPH exhibited 
an oxidation peak at 0.55 V vs. SCE (Fig. 5C). On the other hand, 4- 
hydroxybenzoate exhibited oxidation peaks at 0.7 and 0.3 V vs. SCE, 
in addition to a peak around 0 V vs. SCE that overlaps with the signal 
from carbon paper (Fig. 5D). NADPH and 4-hydroxybenzoate exhibited 
quasi-reversible redox behaviour with reduction peaks appearing pre
dominantly in the forward and reverse scanning directions, respectively 
(Fig. 5C,D). When NADPH and 4-hydroxybenzoate were combined in a 
10:1 ratio, the resulting DPV profile showed oxidation peaks at 0.55 and 
0.3 V vs. SCE, in addition to a peak around 0 V vs. SCE that overlaps with 
the signal from carbon paper (Fig. 5E).

UV–Vis spectroscopy in both BG11 and BG-MOPS demonstrated that 
NADPH exhibited absorbance peaks at 260 and 340 nm (Supplementary 
Fig. 10A), while 4-hydroxybenzoate showed a single peak at 260 nm 
(Supplementary Fig. 10B). These spectral features differ from those 
observed in cyanobacterial exudates (Fig. 4C).

To briefly assess their functional roles, we performed chro
noamperometry experiments. In the absence of cells, NADPH was able to 
contribute to pseudo-photocurrent generation at an applied potential of 
0.5 V vs. SCE, but not at 0.1 V vs. SCE (Supplementary Fig. 10A). In 
contrast, 4-hydroxybenzoate did not contribute to pseudo-photocurrent 
generation at either applied potential tested (Supplementary Fig. 10B). 
Sequential additions of 4-hydroxybenzoate to cyanobacterial cells did 
not enhance photocurrent at an applied potential of 0.5 V vs. SCE 
(Supplementary Fig. 11C) suggesting that 4-hydroxybenzoate does not 
act as an exogenous electron mediator under these conditions.

4. Discussion

4.1. Evidence for multiple mediator species

DPV measurements revealed multiple oxidation peaks (0.65, 0.55, 
0.3, 0.1 V vs. SCE) under illumination and without cell death (auto
claving) or photosynthesis inhibition (DCMU treatment), providing 

Fig. 2. Photocurrent output of cyanobacteria in BG-MOPS. 
(A) Photocurrent kinetics. (B) Photocurrent magnitude. Applied potential 0.5 V vs. SCE, sampling 1 s− 1, carbon paper electrodes, white light at 500 μmol photons 
m− 2 s− 1 intensity. Data presented as mean, the shaded ribbons in panel A and error bars in panel B represent SEM, n = 3. Data presented with different y-axes to more 
clearly see the kinetics in Supplementary Fig. 2.
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strong evidence that Synechocystis releases reduced redox-active com
pounds during photosynthetic activity. Most redox-active species exhibit 
one or two redox processes, and it is uncommon for a single species to 
display four distinct oxidation peaks.

The different oxidation peaks presented with different relative in
tensities in different biological samples, which we classified into at least 
three sub-populations (Supplementary Fig. 4). Furthermore, the elec
trochemical signatures observed from cell-loaded electrodes were only 
partially reproduced in the corresponding cell exudates. While peaks at 
~0.3 V and ~0.65 V vs. SCE were detected in the exudate, others, most 
notably the ~0.55 V vs. SCE peak, were absent. The variety of peak 
combinations suggests that the mechanism of exoelectrogenesis in 
Synechocystis does not rely on a single mediator, but rather involves a 
mixture of redox-active compounds. This mechanism is consistent with 

heterotrophic electrogens such as Shewanella spp., where multiple 
endogenous mediators (e.g., flavins, quinones) contribute to extracel
lular electron transfer [13,18]. Similarly, voltammograms of biofilms of 
Geobacter sulfurreducens exhibit multiple and different oxidation peaks 
when grown under different applied potentials, suggesting the presence 
of several redox-active components involved in extracellular electron 
transfer depending on the metabolic state of the cells [32,33].

However, the discrepancy between cells and exudate signals could 
arise from other factors: (i) rapid turnover or instability of certain me
diators outside the cell, (ii) adsorption or transformation at the electrode 
surface, or (iii) the requirement for continuous cellular metabolism to 
sustain specific redox species. It is also possible that some signals 
observed in cell-loaded electrodes arise from transient, surface- 
associated intermediates rather than freely diffusible mediators. 

Fig. 3. Redox signatures of cyanobacteria on electrodes, and negative controls. 
(A) Cells. (B) No cells. (C) Autoclaved cells. (D) Cells treated with photosynthesis inhibitor DCMU (1 mM). Differential pulse voltammograms, potential step 5 mV, 
pulse height 50 mV, pulse width 50 ms, pulse period 200 ms, carbon paper electrode, BG-MOPS electrolyte. Darkness – black, 1 h treatment with white light at 500 
μmol photons m− 2 s− 1 intensity – yellow, difference between light and dark – green. Data presented as mean, the shaded ribbons represent SEM, (A) n = 5–8 (from 
population 1, more replicates in Supplementary Fig. 6), (B, C) n = 3, (D) n = 4. Insert in (A) baseline corrected. (For interpretation of the references to colour in this 
figure legend, the reader is referred to the web version of this article.)
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Consistent with this possibility, condition-dependent redox features 
have been observed in DPVs of G. sulfurreducens biofilms that were not 
directly associated with electrocatalytic activity [33].

4.2. Implications for identities of mediators

A key feature of the DPV data of photosynthesizing cells is the 
absence of corresponding reduction peaks in the reverse scans, indi
cating that the observed oxidation processes are largely irreversible 
under the experimental conditions.

NADPH has been proposed as the endogenous mediator in previous 
studies [12], and was therefore investigated here. Schlosberg et al. 
identified NADPH as the major redox mediator in cyanobacteria by its 
detection in the exudate and increase in the generated photocurrent 
upon exogenous addition [12]. However, Kusama et al. found no evi
dence of NADPH in cell supernatants by fluorescence mapping, enzy
matic analysis, or LC-MS/MS analysis [6]. Further Wroe et al. discuss 
that the properties of NADPH do not match the electrochemical 
behaviour, notably reversibility and mid-point potential, of the mediator 
observed in CV by other authors [3,10].

NADPH is oxidized to NADP+ via a two-electron, proton-coupled 
hydride transfer. It has a mid-point potential of around 0.55 V vs. SCE 
and its oxidation potential matches the one observed with cells. How
ever, NADPH alone did not reproduce the full set of electrochemical 
features detected in cells. Furthermore, NADPH was also found to 
contribute to a pseudo-photocurrent at higher applied potentials (e.g., 
0.5 V vs. SCE), complicating interpretation of contribution to photo
current from lysed cells at these potentials.

In addition to NADPH, we explored 4-hydroxybenzoate, a precursor 
in plastoquinone biosynthesis. Compared to NADPH, this compound is 
less characterized. When tested in solution it displayed multiple peaks in 
the 0–0.4 V vs. SCE range similarly to cells. However, this candidate, 
similarly to NADPH, did not reproduce the full set of electrochemical 
features observed with cell-loaded electrodes, displaying reversible 
peaks with increased intensity in the reverse scan. Furthermore, 4- 
hydroxybenzoate was not able to enhance photocurrent when added 
exogenously.

The experiments conducted in the presence of both dissolved NADPH 
and 4-hydroxybenzoate in the BG-MOPS electrolyte, show varied elec
trochemical behaviour dependent on their relative ratio and order of 

Fig. 4. Redox signatures of cell exudate in BG-MOPS. 
(A) Cyclic voltammograms. Scan rate 5 mV s− 1. (B) Differential pulse voltammograms. Insert baseline corrected. Potential step 5 mV, pulse height 50 mV, pulse width 
50 ms, pulse period 200 ms. (A, B) Carbon paper electrode, cell exudate in BG-MOPS, white light at 500 μmol photons m− 2 s− 1 intensity. (C) UV–Vis spectra of cell 
exudate in BG-MOPS. Data presented as (A) representative sample, (B–C) mean, the shaded ribbons SEM, (B) n = 3, (C) n = 7. More electrochemical parameters of (B) 
in Supplementary Fig. 7.
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addition (Fig. 5E). This suggests the occurrence of a chemical reaction 
involving the two mediators. The released compounds may undergo 
follow-up chemical reactions after oxidation, such as degradation, 
radical coupling, polymerisation, or reaction with dissolved oxygen, 
therefore complicating the analysis.

4.3. Electrolyte design as a critical determinant of mediator detection

A key outcome of this work is the demonstration that the commonly 
used BG11 growth medium is unsuitable for resolving mediator-derived 
electrochemical signals. Prominent redox peaks observed in both CV and 
DPV of BG11 electrolyte, even in the absence of cells, indicate that trace 
metal components obscure biologically derived signals within similar 
potential windows. This interference likely explains different conclu
sions in previous studies attempting to identify endogenous mediators 
using BG11 electrolyte and CV [5,10]. Previous studies predominantly 
investigating exoelectrogenesis using chronoamperometry measure
ments have already realised this, and modified the BG11 composition 
and pH to avoid pseudo-photocurrents [6,11].

By contrast, the development of the BG-MOPS electrolyte enabled a 
substantial improvement in signal clarity by removing redox-active 

trace metals, while maintaining essential nutrients and buffering ca
pacity. In this system, background currents were minimised, allowing 
the emergence of distinct oxidation peaks attributable to cyanobacterial 
photosynthetic activity. These findings highlight the importance of 
carefully controlling electrolyte composition when probing biological 
redox processes.

However, this improved electrochemical resolution came with trade- 
offs. BG-MOPS did not support long-term cell growth. So even though 
photosynthetic activity was maintained short-term for DPV measure
ments, the absence of trace metals could still affect other natural 
mediator production or secretion pathways. In addition, differences in 
UV–Vis spectra between BG-MOPS and BG11 exudates suggest that 
electrolyte composition could also influence the stability or chemical 
reactivity of the released compounds, potentially through interactions 
such as metal complexation that alter their electronic and redox prop
erties. Consequently, electrolyte-dependent behaviour complicates 
mediator identification and may contribute to discrepancies reported in 
the evolving literature [2,3], underscoring the need for careful control 
and reporting of experimental conditions and for approaches that bal
ance electrochemical transparency with physiological relevance.

Fig. 5. Electrochemical performance of candidates molecules for the endogenous redox mediator(s) released by cyanobacteria during exoelectrogenesis. 
(A, B) Schematic showing the positions of candidates NADPH and 4-hydroxybenzoate (Na4HB) in cyanobacteria metabolism. (C, D) DPVs of individual candidates. 
(E) DPVs of candidates in sequential combinations. Potential step 5 mV, pulse height 50 mV, pulse width 50 ms, pulse period 200 ms, carbon paper electrode, BG- 
MOPS electrolyte. Data presented as representative sample.
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5. Conclusions and future directions

In this study we demonstrated that differential pulse voltammetry 
(DPV) enables the detection of reduced mediator(s) released by Syn
echocystis cyanobacteria during exoelectrogenesis under illumination, 
revealing multiple oxidation peaks that are not resolvable using con
ventional cyclic voltammetry (CV). Central to this advance was also the 
development of a BG11-like MOPS buffer (BG-MOPS), which minimises 
electrochemical background interference from conventional BG11 while 
maintaining cellular functionality during photoelectrochemical mea
surements. Our results provide electrochemical evidence that cyano
bacteria release reduced compound(s) during exoelectrogenesis in an 
indirect electron transfer mechanism, rather than relying on direct 
electron transfer mechanisms such as membrane-associated redox pro
teins. The irreversible behaviour and partial reproducibility of these 
signals in cell exudates further suggest that a mixture of reduced com
pounds is involved, rather than a single mediator. Although the exact 
identity of the mediator(s) remains unresolved, the partial similarity of 
the observed signals to NADPH and short-chain quinones highlights 
promising targets for future investigation.

Despite the effectiveness of DPV in resolving mediator-derived sig
nals, several limitations and opportunities for further development 
remain. The need for baselining DPV measurements to reveal sharper 
peaks, especially at 0.3 V vs. SCE, suggests that mediator flux or elec
trode–cell interactions may be suboptimal. These could possibly be 
improved through electrode surface functionalisation [34], optimisation 
of cell loading, or further modification of electrolyte composition.

More fundamentally, the interpretation of DPV signals remains in
direct. Definitive identification of the mediator(s) will require comple
mentary analytical techniques, such as chromatography, mass 
spectrometry, or spectroelectrochemical methods. In addition, inte
grating electrochemical measurements with systems biology ap
proaches, including proteomics and metabolomics, in our ongoing 
research may also help link specific redox signatures to proteins or 
metabolites.

Finally, it remains unclear whether the mediator profile observed in 
Synechocystis is conserved across other cyanobacterial species or 
photosynthetic microorganisms, or whether it varies with environ
mental conditions, such as light intensity, trophic mode, nutrient 
availability, or salinity. Addressing these questions will be essential for 
developing a comprehensive understanding of photosynthetic exoelec
trogenesis and for advancing the design of bioelectrochemical systems 
based on cyanobacteria.
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